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ABSTRACT: Polyphosphates are a group of phosphorus (P) containing
molecules that are produced by a wide range of microorganisms and
human activities. Although polyphosphates are ubiquitous in aquatic
environments and are of environmental significance, little is known about
their transformation and cycling. This study characterized the poly-
phopshate-hydrolysis mechanisms of several representative phosphatase
enzymes and evaluated the effects of polyphosphate chain length, light
condition, and calcium (Ca2+). 31P nuclear magnetic resonance (NMR)
spectroscopy was used to monitor the dynamic changes of P molecular
configuration during polyphosphate hydrolysis and suggested a terminal-
only degradation pathway by the enzymes. Such mechanism enabled the
quantification of the hydrolysis rates by measuring orthophosphate
production over time. At the same initial concentration of polyphosphate
molecules, the hydrolysis rates were independent of chain length. The hydrolysis of polyphosphate was also unaffected by light
condition, but was reduced by the presence of Ca2+. The released orthophosphates formed Ca-phosphate precipitates in the
presence of Ca2+, likely in amorphous phases. Results from this study lay the foundation for better understanding the chemical
processes governing polyphosphate transport and transformation in various environmental settings.

1. INTRODUCTION
Polyphosphate is a type of phosphorus (P) species that is
synthesized by all organisms, including a wide range of
microorganisms (e.g., bacteria and plankton) in both terrestrial
and marine settings.1−5 Polyphosphates are polymers of at least
three phosphate ions joined by phosphoanhydride (P−O−P)
bonds. They can occur in linear, ring (i.e., metaphosphates), or
branched (i.e., ultraphosphates) structures. Polyphosphates can
be extracellular or intracellular. During common cell events,
such as extracellular release, lysis, death, and burial of
microorganisms, polyphosphates are released into water bodies
and can be incorporated into sediments. In fact, polyphosphates
constitute a significant portion of total P in the dissolved phase,
sinking particulates, and sediments, making them a key player
in global P cycling.6−10 In marine environment, polyphosphates
were proposed to mediate the formation of calcium (Ca)
phosphate minerals that are otherwise kinetically inhibited, thus
playing a key role in the sequestration of biologically available P
over geologic time scales.6,11 Polyphosphates are also important
industrial chemicals, frequently used in mineral processing (e.g.,
as a dispersant),12,13 water treatment (e.g., for corrosion and
scale prevention),14 food industry (e.g., as preservatives,
acidifying agents, acidity buffers, and emulsifying agents), and
agricultural fertilizers.15 These widespread industrial applica-
tions can ultimately result in the release of polyphosphates into
soils and water bodies and potentially cause P contamination.
Therefore, it is important to understand the transport and
transformation of polyphosphates under various environmental
settings.

Despite the industrial and biogeochemical significance of
polyphosphates within the global P cycle, much remains
unknown about the rate and mechanisms of its degradation and
diagenesis. While previous studies have tracked polyphosphate
concentrations in the field, details of the transformation process
are not completely understood. For example, studies on lake
sediments showed that polyphosphate rapidly disappeared at
depth beyond 0.5 cm, indicating that polyphosphate was rapidly
transformed or recycled.8 Remineralization of polyphosphate
was found to contribute a significant portion of soluble reactive
phosphorus at the hypoxic/anoxic interface, suggesting the
important role of polyphosphate in P cycling in this zone.7

However, it is unclear how polyphosphates were transformed
or recycled in these environments, as well as the relative
importance of abiotic and biotic factors in controlling their
stability and degradation. In comparison, extensive studies have
been devoted to understanding the cycling of orthophosphate
and organophosphorus. For example, it is well established that
organisms release phosphate from organophosphorus com-
pounds through enzymatic hydrolysis by various phospha-
tases.16−18 Phosphatases are commonly synthesized and
released by a wide range of bacteria and plankton, and their
activities have been commonly detected in various environ-
mental settings.16,17,19 Given the ubiquitous existence of
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phosphatases in soil and aquatic environments and the ability of
some phosphatases to degrade polyphosphates,20 it is important
to understand the potential roles of phosphatases on the
hydrolysis and transformation of polyphosphates. In this study,
we characterized the rates and mechanisms of polyphosphate
hydrolysis by several representative phosphatase enzymes as a
function of polyphosphate chain length, the presence/absence
of light, and the presence of Ca2+.

2. EXPERIMENTAL SECTION
2.1. Materials and Chemicals. Polyphosphates (sodium

salt) with average chain lengths of 15, 60, and 130 P units
(hereafter referred to as 15P, 60P, and 130P) were generously
provided by Dr. Toshikazu Shiba (Regenetiss Inc., Tokyo,
Japan). These polyphosphates were size fractionated and
purified by gel electrophoresis and further characterized by
gel permeation chromatography. Another polyphosphate with a
broad chain length distribution (1−20 P units, average chain
length of 6 units) was obtained from ICL Performance
Products (MO, USA), which is labeled as soda polyphosphate.
The average molecular weight of these polyphosphates was
calculated based on an ideal molecular formula of
PnO(3n+1)Na(n+2) (n = number of P atoms in the molecule,
that is, chain length). Polyphosphate stock solutions were
prepared by dissolving an appropriate amount of polyphos-
phate in deionized (DI) water to achieve a concentration of 1
mg total mass per mL. Alkaline phosphatase from Escherichia
coli, acid phosphatase from potato, and pyrophosphatase from
yeast, were purchased from Sigma-Aldrich. Prior to the
hydrolysis experiments, all enzyme stock solutions were
prepared at the same concentration of 17 units/mL. On the
basis of the information provided by the manufacturer, one unit
of alkaline phosphatase can hydrolyze 1.0 μmol of p-
nitrophenyl phosphate per min at pH 10.4 at 37 °C; one
unit of acid phosphatase can hydrolyze 1.0 μmol of p-
nitrophenyl phosphate per min at pH 4.8 at 37 °C; and one
unit of pyrophosphatase can liberate 1.0 μmol of inorganic
orthophosphate per min at pH 7.2 at 25 °C. On the basis of
optimal conditions for maximal enzymatic activities, alkaline
phosphatase was dissolved in a Tris buffer solution (0.1 M, pH
8, with 5 mM MgCl2), while acid phosphatase and
pyrophosphatase were dissolved in a HEPES buffer solution
(0.01 M, pH 7, with 5 mM MgCl2).
2.2. Enzymatic Hydrolysis. To compare the effects of light

condition and Ca2+ presence on phosphatase activities, four sets
of enzymatic hydrolysis experiments were performed in parallel:
(1) no light exposure (reaction containers wrapped by
aluminum foil), (2) with light exposure (ambient lab lighting),
(3) with light exposure and Ca2+ addition (1, 4, 10, and 20 mM
CaCl2 in the final solution), and (4) with light exposure in
buffered artificial seawater (ASW). ASW solution was prepared
based on previous work21 and contained 0.3 M NaCl, 50 mM
MgSO4, 10 mM CaCl2, and 0.01 M KCl, at pH 7.0 (HEPES
buffer), and 8.0 (Tris buffer) for acid and alkaline phosphatases,
respectively. For all experiments, 9 mL of buffer solution
(alkaline phosphatase 0.1 M Tris buffer, pH 8, with 5 mM
MgCl2; acid phosphatase and pyrophosphatase 0.01 M HEPES
buffer, pH 7, with 5 mM MgCl2) and 1 mL of 1 mg/mL
polyphosphate stock solution were combined, and the reaction
was initiated by adding 300 μL of enzyme stock solution to
reach a final enzyme concentration of ∼0.5 unit/mL. Initial
polyphosphate concentration was 100 mg of polyphosphate
solids per L, equivalent to ∼980 μM orthophosphate for all

polyphosphates. The pH values of the reaction solutions were
monitored throughout the experiments and found to be stable.
At specific time points (0, 1, 2, 3, 4, 6, 8, 10, 24 h), 50 μL
solution was sampled and immediately analyzed for orthophos-
phate production using the phosphomolybdate colorimetric
assay22 on an UV−vis spectrometer (Carey 60, Agilent). All
experiments were performed in an incubator at 37 °C in
duplicate. Control experiments without enzyme addition were
also performed in parallel, where only trace amount of
orthophosphate was detected and remained constant through-
out the experiments, likely from phosphate impurity in the
original polyphosphate stock solutions. The effect of poly-
phosphate molar concentration on the hydrolysis rate of
alkaline phosphatase was examined for a range of 60P and 130P
concentrations.
Hydrolysis of polyphosphates in the presence of Ca2+ may

induce Ca-phosphate precipitation. To monitor the initial
nucleation and precipitation of Ca−P solid phases, 1 mL of the
treatment suspensions in the absence or presence of alkaline
phosphatase (from experiments #3 and #4) was transferred to a
cuvette and monitored using dynamic light scattering (DLS,
Malvern Zetasizer Nano ZS, Malvern Instruments, UK). White
precipitates were collected via membrane filtration (0.4 μm) at
the end of the experiment, rinsed with DI water, and air-dried
for further structural characterization using scanning electron
microscopy (SEM) and P K-edge X-ray absorption near edge
structure (XANES) spectroscopy.

2.3. 31P Nuclear Magnetic Resonance (NMR) Spec-
troscopy. To characterize the transformation of polyphos-
phates during enzymatic hydrolysis, parallel experiments were
conducted in liquid NMR sample tubes for 31P liquid NMR
characterization. To obtain decent spectra within a reasonable
time frame, higher concentrations of polyphosphates and
enzymes were used. Briefly, 0.4 mL of buffers (0.1 M Tris
buffer in the case of alkaline phosphatase, 0.01 M HEPES buffer
for acid phosphatase and pyrophosphatase, with condition
similar to the batch hydrolysis experiment) was combined with
0.2 mL of 1 mg/mL polyphosphate stock solution, 100 μL
D2O, and 40 μL stock solution of enzymes in sample tubes.
NMR spectra of these samples were collected at 0.5, 1, 2, 4, and
24 h reaction time at room temperature (22 °C). Liquid 31P
NMR spectra were collected on a Bruker AMX 400 MHz
spectrometer operated at 162 MHz and 297 K. A 90° pulse
width, 6.5k data points (TD) over an acquisition time of 0.51 s,
and relaxation delay of 15 s were applied. Chemical shift was
calibrated using 85% H3PO4 as the external standard. 64 scans
were collected for each spectrum (equivalent to ∼18 min).

2.4. SEM. For hydrolysis experiments conducted in the
presence of Ca2+, air-dried precipitates were spread onto carbon
tape and characterized using an LEO 1530 SEM connected
with energy dispersive spectrometer (Zeiss).

2.5. P K-Edge XANES. For hydrolysis experiments
conducted in the presence of Ca2+, air-dried precipitates were
also analyzed by P K-edge XANES at beamline 14−3 at the
Stanford Synchrotron Radiation Lightsource (SSRL), Menlo
Park, CA. The powders were brushed evenly onto P-free
Kapton tape and mounted to a sample holder maintained under
helium atmosphere. XANES data were collected in fluorescence
mode using a PIPS detector. Energy calibration used AlPO4
(edge position at 2152.8 eV). Two scans were collected for
each sample and averaged for further analysis using the software
Ifeffit.23
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3. RESULTS AND DISCUSSION

3.1. Hydrolysis Mechanism. 31P NMR is a useful
technique for differentiating P species with different molecular
configurations. Because the middle (Pmiddle) and end groups
(Pend) of polyphosphate molecules possess distinctive chemical
shifts in the NMR spectrum (approximately −22 and −7 ppm,
respectively), 31P NMR can be used to differentiate short and
long chain polyphosphates by comparing the relative ratio of
Pmiddle and Pend signals. We define Pend/Ptotal ratio as the relative
abundance of end group P signal to the total signal from both
end group and middle group P units. For longer chained
polyphosphate molecules containing more middle group P
units, this ratio is smaller than those of shorter chained
polyphosphate molecules. As shown in Figure 1A, the spectrum
of 15P polyphosphate showed a distinctive end group peak at
about −7 ppm, with a Pend/Ptotal ratio of ∼0.15 (close to 2/15).
The end group signals for 60P and 130P polyphosphates were
not evident, due to their small contribution to the total P signal
(i.e., Pend/Ptotal ratio of ∼0.033 and 0.015, respectively) (Figure

1B and 1C). In comparison, a polyphosphate sample with a
broad range of chain lengths showed slightly different chemical
shifts of the Pmiddle groups, with multiple peaks at about −20
ppm, as shown in Supporting Information (SI) Figure S1.
Given the linear structure of the studied polyphosphate

molecules, it is possible that hydrolysis can occur via (1)
random breakage of the phosphoanhydride (P−O−P) bonds at
terminal or middle groups or (2) one-by-one breakage of
terminal P−O−P bonds only. These two pathways will lead to
different P speciation profiles during enzymatic hydrolysis. If
the phosphoanhydride bonds were randomly attacked by
phosphatase (Mechanism 1), more polyphosphates (in terms
of molecular concentration) with shorter chain lengths would
form over time. As a result, the relative intensity of the end
group signals in NMR spectra will increase accordingly, and the
middle group signal may split. However, for all three
polyphosphate samples with different chain lengths (15P,
60P, 130P), 31P liquid NMR spectra showed that over time
there are (1) increase in the orthophosphate signal, (2)
vanishing of the middle group signal, (3) little signal

Figure 1. Time-resolved 31P liquid NMR spectra of 15P (A), 60P (B), and 130P (C) in the presence of alkaline phosphatase. The hydrolysis of 60P
by acid phosphatase (D) was also monitored. Spectra (256 scans) at 0 h were recorded on stock solutions (∼0.86 mg polyphosphate/mL) without
buffer and enzyme addition. Only trace amounts of orthophosphate were present in all stock polyphosphate samples.
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contribution from the end groups, and (4) no multiple middle
group peaks (Figure 1). Therefore, it is most likely that the
enzyme molecules continuously hydrolyzed polyphosphate via
its terminal groups, producing orthophosphate and shorter
chained polyphosphates (mechanism 2). The enzymes can
either continuously hydrolyze the same polyphosphate
molecule until complete hydrolysis or switch to different
polyphosphate molecules during this process. For 15P
polyphosphate, although its end group signal was distinguish-
able at the beginning, the terminal-only pathway determines
that a fraction of the 15P was completely degraded into
orthophosphate, resulting in subsequent decrease of the 15P
concentration (correspondinly end groups concentration) over
time. This was observed by NMR as a gradual decrease of the
Pend/Ptotal ratio over time (also see Figure S2). For longer
chained polyphosphates, the Pend/Ptotal ratio was already small
at the beginning, and this value further decreased as the
polyphosphate concentration decreased. This is the reason that
end group signals were not identified during the hydrolysis
process for 60P and 130P. A similar phenomenon was observed
during the hydrolysis of 60P by acid phosphatase, where only
orthophosphate formed and no Pend peaks appeared following
polyphosphate degradation (Figure 1D), suggesting a similar
hydrolysis mechanism of acid phosphatase to alkaline
phosphatase. Polyphosphate degradation was not observed in
the presence of pyrophosphatase within 24 h (while
pyrophosphate was completely degraded within 1 h under
the same conditions), indicating that polyphosphate is not a
target substrate for this enzyme (Figures S3 and S4).
Previous studies showed that the hydrolysis of organo-

phosphorus by alkaline phosphatase involved the coupling of
divalent cations (e.g., Zn2+ and Mg2+) and the two charged
oxygen of the phosphate groups to the active sites on the
enzyme.24,25 Given the structural configuration of linear
polyphosphates, they are likely hydrolyzed in the same way
as organophosphorus: only the terminal phosphate groups of
the polyphosphates can be coupled to the active sites of the
enzyme and subsequently hydrolyzed and released from the
polyphosphate chain.
3.2. Hydrolysis Kinetics: Effects of Chain Length and

Substrate Concentration. According to the terminal-only
mechanism, one orthophosphate molecule is produced at each
enzymatic hydrolysis step. This enables the quantification of the
hydrolysis rate by measuring orthophosphate concentration
over time. Results showed that the catalytic reactivity of acid
phosphatase (tested at pH 7.0) toward 60P polyphosphate
hydrolysis is higher than that of alkaline phosphatase (tested at
pH 8.0), while pyrophosphatase has no reactivity toward the
60P polyphosphate (Figure 2). The hydrolyzing capacity of
phosphatase enzymes varies with pH, and the classification of
acid and alkaline phosphatases is based on the pH range in
which their hydrolyzing activity reaches the maximum.17

Although acid phosphatases are most reactive under acidic
conditions (generally at pH 4−6), their activity at pH 7.0
remains high and is not lower than that of alkaline phosphatase,
as shown in Figure 2. Even though alkaline phosphatases are
generally considered to serve more extracellular functions,26

acid phosphatases are also frequently found extracellularly,18,27

and these results suggest that both groups of enzymes can play
important roles in polyphosphate degradation under a range of
environmentally relevant pH conditions.
In addition, polyphosphates with varied chain lengths (15P,

60P, 130P) were all rapidly hydrolyzed by alkaline phosphatase

(Figure 3A). Both the rate and extent of orthophosphate
production followed an order of 15P > 60P > 130P, due to a
higher molecular concentration of the shorter chained
polyphosphates at the same total P concentration (correspond-
ingly more terminal phosphate groups available for reaction).
This is consistent with the terminal-only mechanism. A random
breakage pathway (mechanism 1) would have led to the overall
increase of polyphosphate molar concentration over time (at
least to a certain time point), which would have resulted in an
exponential increase of the orthophosphate concentration due
to increased probabilities of breakage at terminals to form
orthophosphate. However, the rate data appeared as
logarithmic-like curves that are characteristic of the depletion
of substrates (Figure 3A), which supports the terminal-only
pathway (mechanism 2).
With increasing concentration of polyphosphate substrates

(60P and 130P), concentration of the produced orthophos-
phate increased, while the percentage of produced orthophos-
phate to total P decreased (Figure S5). This is possibly because
(1) enzyme concentrations were set constant and became the
rate-limiting factor at increasing substrate concentration and
(2) enzyme activity was inhibited at increasing orthophosphate
concentrations.16 Figure 3B shows the phosphate production
rate as a function of polyphosphate (60P and 130P) molar
concentration in the presence of alkaline phosphatase.
Orthophosphate formation rate was calculated by linear
regression fitting of the initial points of Figure S5 (phosphate
concentration within the first 4 h). In this case, since one
substrate (i.e., polyphosphate molecules) is involved in multiple
hydrolysis steps and led to the formation of multiple reaction
products (orthophosphate and shorter-chained polyphos-
phates), we decided not to use the Michaelis−Menten equation
to derive the Michaelis−Menten constants. However, as shown
in Figure 3B, no difference was observed in the reactivity (i.e.,
phosphate production rate) of alkaline phosphate toward 60P
and 130P degradation, suggesting that chain length does not
affect the affinity of the polyphosphate molecules (or their
terminal groups) to alkaline phosphatase enzyme molecules.
Therefore, consistent with the terminal-only mechanism, the
rate of enzymatic hydrolysis (or orthophosphate production
rate) is dependent on the concentration of polyphosphate

Figure 2. Enzymatic hydrolysis (quantified by orthophosphate
production) of 60P polyphosphate by alkaline phosphatase,
pyrophosphatase, and acid phosphatase. The starting concentrations
for all polyphosphates were equivalent to 980 μM phosphate, and the
enzymes were at 0.5 unit mL−1. Error bars represent the variation of
duplicate experiments.
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terminal groups (correspondingly the molarity of linear
polyphosphate chains), but not total P concentration.
3.3. Hydrolysis Kinetics: Effects of Light and Solution

Chemistry. Previous studies have shown that the activity of
alkaline phosphatase can be inhibited by enhanced UV-B
radiation (280−320 nm) at 1.10 W m−2.28 However, under the
ambient lab lighting condition used in this study, light
condition was observed to have little effect on the activity of
both acid and alkaline phosphatases, as no substantial difference
was observed in orthophosphate formation rates (Figure 4).
The presence of Ca2+ was found to substantially reduce the

rates of orthophosphate production, with decreasing hydrolysis
rate at elevated Ca2+ concentrations for both acid and alkaline
phosphatases (Figures 4 and S6). This is unlikely due to Ca-
phosphate precipitation, because no precipitation was observed
at low Ca2+ ranges (1 and 4 mM) as observed by dynamic light
scattering (Figures S6 and S7) and because precipitated
phosphates are accounted for during the acidic orthophosphate
measurement (precipitates dissolved). On the one hand, Ca2+

can precipitate with the hydrolysis product (orthophosphate)
and remove it from the aqueous solution, which makes it
kinetically favorable for polyphosphate hydrolysis. On the other

hand, Ca2+ and polyphosphate molecules can also form strong
complexes (or even precipitates at relatively high concen-
trations),13,29 which may inhibit the coupling of polyphosphate
terminal groups to the active sites of the enzymes, subsequently
inhibiting the enzymatic catalysis reaction. At the tested
condition (980 μM P, Ca2+ concentrations of 1, 4, 10, 20
mM), precipitation of Ca-polyphosphates did not occur at low
Ca2+ concentrations (1 and 4 mM), but occurred at high Ca2+

concentrations (10 and 2 mM) according to dynamic light
scattering observations (see section 3.4). It is possible that Ca2+

complexation with polyphosphates outpaced the effects of Ca-
phosphate precipitation and lowered the overall hydrolysis rate.
Another possible cause can be lowered enzymatic activity at
increased Ca2+ concentrations.
Hydrolysis experiment in artificial seawater showed that the

activity of alkaline phosphatase toward 60P hydrolysis remained
high (comparable to the condition of Ca2+-blank buffer, but
higher than in 10 mM Ca2+ buffer), while the activity of acid
phosphatase was substantially lower than in 10 mM Ca2+ buffer
(Figure 4). This suggests that these two enzymes differ in their
susceptibility to ionic strength, and that alkaline phosphatase-

Figure 3. (A) Orthophosphate production as a function of time for polyphosphates with different chain lengths in the presence of alkaline
phosphatase. (B) Orthophosphate production rate for 60P and 130P polyphosphates at varied molar concentrations in the presence of alkaline
phosphatase. The starting concentrations for all polyphosphates were equivalent to 980 μM phosphate, and the enzymes were at 0.5 unit mL−1.
Polyphosphate concentrations (molarity) in panel B were calculated by dividing the equivalent total phosphate concentration by average chain
length. Kinetics of orthophosphate production for Figure 3B experiments is shown in Supporting Information (SI) Figure S5.

Figure 4. Hydrolysis of 60P polyphosphate mediated by (A) alkaline phosphatase and (B) acid phosphatase, under different light and solution
conditions. The starting concentration of the 60P solutions was equivalent to 980 μM phosphate. Control: 10 mM Ca buffer solution without
enzyme. SW: Buffered artificial seawater. Ca (10 mM): 10 mM Ca buffer solution. Concentrations of enzyme = 0.5 unit mL−1. Alkaline and acid
phosphatases used Tris and HEPES buffers, respectively. Error bars represent the range of duplicate experiments.
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mediated polyphosphate hydrolysis is more relevant in marine
environment.
In addition to Ca2+, a variety of other factors have been

found to affect the catalytic activity of phosphatase enzymes
toward organophosphorus degradation, such as mineral
adsorption and natural organic matter.30,31 Further studies are
needed to evaluate the effects of these environmentally relevant
factors on polyphosphates hydrolysis.
3.4. Hydrolysis Products in the Presence of Ca2+. In the

presence of high Ca2+ concentration (10 and 20 mM), dynamic
light scattering indicated the precipitation of solid phase, as
evidenced by the increase of both particle size and light
scattering intensity over time (Figures 5A and S7). In contrast,
for control solutions in the absence of alkaline phosphatase, the
light scattering intensity remained low and unchanged (Figure
5A), indicating the absence of precipitation due to the lack of
polyphosphate degradation and orthophosphate formation.
Therefore, precipitation is likely due to the formation of Ca-
phosphate phases as a result of increasing orthophosphate
concentration (from enzymatic hydrolysis of polyphosphates)
and subsequent increase of oversaturation state with regard to
Ca-phosphate solid phases. Indeed, P K-edge XANES spectrum
of the precipitate showed distinctive features that are
characteristic of Ca-phosphate phases (a secondary peak at
∼2164 eV and the oxygen oscillation centered at ∼2170 eV,
although the post-edge shoulder is not as evident as that of
crystalline Ca-phosphate phases) (Figures 5B and S8).32,33

Linear combination fitting of the XANES data suggested that
the precipitate has a structure similar to Mg-doped amorphous
Ca phosphate phase (with 90.8% abundance) (Figure 5B). This
is consistent with elemental analysis by energy dispersive X-ray
spectroscopy (EDX), which suggested the precipitate to be a
Ca−Mg−P phase with Ca:Mg molar ratio of ∼10 (Figure S9).
The presence of Mg2+ in the precipitates is likely due to the
presence of 5 mM Mg2+ in the reaction solution. Interestingly,
no precipitation occurred for hydrolysis experiments conducted
in artificial seawater, despite the presence of the same high Ca2+

concentration (10 mM) and a fast hydrolysis rate (Figures S6
and S7). This is likely due to high ionic strength (particularly

high Mg2+ concentration of 50 mM) in the artificial seawater
that possibly inhibited Ca2+ phosphate precipitation.34−38 Since
Mg2+ is abundant in seawater (50 mM, as compared to 10 mM
Ca2+) and has been found to inhibit the precipitation and
crystallization of calcium phosphate minerals,34−38 it is highly
relevant to further explore the effects of Mg2+ on
polyphosphate degradation and subsequent Ca-phosphate
precipitation and transformation.

4. IMPLICATIONS

Polyphosphate degradation is of great relevance to the cycling
of polyphosphates of natural origin and from human activities.
This study revealed the rates and mechanisms of polyphosphate
hydrolysis by representative groups of phosphatase enzymes
and as a function of polyphosphate chain length, light, and
Ca2+. In the absence of phosphatases, the tested polyphos-
phates are stable in aqueous solution under a broad range of pH
conditions (without noticeable degradation even at pH 2.5 after
one month, data not shown). Results from this work
demonstrated that polyphosphates with a broad range of
chain lengths can be rapidly degraded by both acid and alkaline
phosphatases. Considering the ubiquitous presence of these
enzymes in aquatic environments, enzymatic hydrolysis is likely
to contribute to the rapid diagenesis of polyphosphates.8,39,40

The terminal-only enzymatic hydrolysis pathway suggests
that polyphosphates can be potentially protected from
enzymatic attack if the terminal phosphate groups are tightly
complexed, for example, by cations or mineral surfaces. The
released orthophosphate may be involved in processes, such as
the precipitation of phosphate minerals (or precursors), surface
adsorption, and utilization by organisms,10,41 which will
diversify the fate of the P derived from polyphosphate
degradation.
Future studies are warranted to explore the influences of

other environmental factors, such as additional aspects of
solution chemistry and cation/mineral complexation, to better
understand the transformation processes governing the fate of
polyphosphates under varied environmental settings.

Figure 5. (A) Dynamic light scattering (DLS) measurements of the 15P hydrolysis experiments in the presence of 10 mM Ca2+, with and without
alkaline phosphatase addition. Dh is hydrodynamic diameter of the precipitates measured by DLS. (B) Linear combination fitting of P-XANES
spectrum of the precipitates from the hydrolysis experiments in the presence of alkaline phosphatase and Ca2+. Raw and fitted data are in black solid
and red dotted lines, respectively. Best fit was obtained with 9.2% SodaP_Ca (calcium salt of soda polyphosphate, a polyphosphate sample with a
broad chain length distribution) and 90.8% ACP_10 Mg (Mg-doped amorphous calcium phosphate with Mg/(Mg + Ca) ratio of 10%).
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