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Summary
Microbially mediated oxidation of Mn(II) to Mn(III/IV)
oxides influences the cycling of metals and remineralization of carbon. Despite the prevalence of
Mn(II)-bearing minerals in nature, little is known
regarding the ability of microbes to oxidize mineralhosted Mn(II). Here, we explored oxidation of the
Mn(II)-bearing mineral rhodochrosite (MnCO3) and
characteristics of ensuing Mn oxides by six Mn(II)oxidizing Ascomycete fungi. All fungal species substantially enhanced rhodochrosite dissolution and
surface modification. Mineral-hosted Mn(II) was oxidized resulting in formation of Mn(III/IV) oxides that
were all similar to d-MnO2 but varied in morphology
and distribution in relation to cellular structures and
the MnCO3 surface. For four fungi, Mn(II) oxidation
occurred along hyphae, likely mediated by cell wallassociated proteins. For two species, Mn(II) oxidation
occurred via reaction with fungal-derived superoxide
produced at hyphal tips. This pathway ultimately
resulted in structurally unique Mn oxide clusters
formed at substantial distances from any cellular
structure. Taken together, findings for these two fungi
strongly point to a role for fungal-derived organic
molecules in Mn(III) complexation and Mn oxide templation. Overall, this study illustrates the importance
of fungi in rhodochrosite dissolution, extends the relevance of biogenic superoxide-based Mn(II) oxidation

Received 19 August, 2012; revised 11 October, 2012; accepted 15
October, 2012. *For correspondence. E-mail chansel@whoi.edu; Tel.
(+1) 508 289 3858; Fax (+1) 508 457 2161. †These authors contributed equally to this work. ‡Present address: Marine Chemistry and
Geochemistry Department, Woods Hole Oceanographic Institution,
Woods Hole, MA 02543, USA.

© 2012 Society for Applied Microbiology and Blackwell Publishing Ltd

and highlights the potential role of mycogenic
exudates in directing mineral precipitation.
Introduction
Mn(III, IV) oxides are ubiquitous in the environment,
including terrestrial and aquatic systems. Due to their
small particle size, large surface area and high sorptive
and oxidative capacities, Mn oxides are among the most
reactive mineral phases in the environment. They influence a variety of biogeochemical reactions, such as the
degradation of organic matter (Stone and Morgan, 1984;
Sunda and Kieber, 1994), cycling of metals (Murray and
Tebo, 2007; Murray et al., 2007; Lafferty et al., 2010)
and anaerobic respiration coupled to carbon oxidation
(Nealson and Saffarini, 1994). The majority of natural Mn
oxides are thought to be formed from either direct or
indirect microbial Mn(II) oxidation (Tebo et al., 2004). A
large diversity of Mn(II)-oxidizing bacteria and fungi have
been identified in a wide range of ecological niches spanning from desert sediments to surface marine waters (de
la Torre and Gomez-Alarcon, 1994; Tebo et al., 2005;
Hansel and Francis, 2006; Miyata et al., 2006a; 2007;
Cahyani et al., 2009; Santelli et al., 2010). At present,
Mn(II)-oxidizing fungi are limited to the phyla Ascomycota
and Basidomycota, where Basidiomycota (specifically the
wood rotting fungi) have received considerably more
attention due to their importance in the degradation of
lignin. Recently, we have discovered an abundant and
diverse group of Mn(II)-oxidizing Ascomycota within
Mn-laden treatment systems (Santelli et al., 2010) and a
freshwater lake (C.M. Santelli, unpublished).
While Mn(II) oxidation to Mn(III) has been extensively
studied for Basidiomycota, the mechanisms and pathways
of Mn(II) oxidation by Ascomycota are poorly understood.
The primary enzymes implicated in Mn(II) oxidation are
manganese peroxidases by Basidiomycete fungi (Glenn
et al., 1986; Wariishi et al., 1992) and laccases or laccaselike metalloproteins in Ascomycetes (Hofer and Schlosser,
1999; Schlosser and Hofer, 2002; Miyata et al., 2004).
Recently, extracellular superoxide (O2-) has been identified
as the oxidant of Mn(II) to Mn(III) in the common Ascomycete fungus Stilbella aciculosa (Hansel et al., 2012). Surprisingly, superoxide-mediated Mn(II) oxidation has also
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recently been discovered for the marine bacterium Roseobacter sp. Azwk-3b (Learman et al., 2011a), revealing an
unforeseen homology in fungal and bacterial Mn(II) oxidation pathways. In fact, these findings are consistent with
thermodynamic modelling of Mn(II) oxidation reactions
indicating that while the oxidation of Mn(II) to Mn(III) by
oxygen is thermodynamically prohibited, oxidation by
superoxide is thermodynamically favourable over all relevant pH ranges (Luther, 2010). In fact, superoxide was
found to be a rapid oxidant of Mn(II) in natural seawater and
following photoexcitation of humic substances (Nico et al.,
2002; Hansard et al., 2011). The production of extracellular
reactive oxygen species (ROS), and particularly that of
superoxide, is widespread throughout the fungal kingdom
(Bedard et al., 2007), where it is employed for various
physiological processes, including the regulation of cell
differentiation (Takemoto et al., 2007) and apical dominance in hyphal growth (Semighini and Harris, 2008).
However, the prevalence of a ROS-mediated Mn(II)
oxidation mechanism in fungi is unknown.
Both enzymatic and superoxide-mediated Mn(II) oxidation are one electron transfer reactions leading to the
formation of Mn(III) (Glenn et al., 1986; Hofer and
Schlosser, 1999; Hansard et al., 2011). The fate of Mn(III)
and processes responsible for subsequent formation of
Mn oxides are unknown. Mn(III) may be further oxidized
or may disproportionate leading to Mn(IV) production and
spontaneous precipitation of Mn oxides. Due to the instability of Mn(III) in the absence of stabilizing ligands
(Kostka et al., 1995; Klewicki and Morgan, 1998; 1999;
Luther et al., 1998), either exogenous or endogenous
organic molecules may be important in the formation of
Mn oxides following microbial Mn(II) oxidation. In fact,
protein and polysaccharide polymers have been identified
underlying Mn oxides produced by a Pedomicrobium-like
bacterium (Ghiorse and Hirsch, 1979) and an unidentified
Basidiomycete fungus (Emerson et al., 1989), where they
possibly play a mechanistic role in Mn oxide formation.
Recent studies have also shown that organic molecules
and specifically proteins may serve as mineral nucleation
sites to facilitate particle aggregation in the biomineralization of zinc, iron, cadmium, and selenium (Moreau et al.,
2007; Chan et al., 2011; Chen et al., 2011; Lenz et al.,
2011). Collectively, the mechanisms responsible for the
oxidation of Mn(II) and ultimate formation of Mn oxides by
Ascomycete fungi as well as within the environment are
poorly understood.
Despite the large variety of natural and synthetic Mn
oxides known to exist (over 30), the predominant form of
biogenic Mn oxides formed at circumneutral pH is a highly
disordered, nanocrystalline, phyllomanganate phase,
similar to hexagonal birnessite (Villalobos et al., 2003;
Bargar et al., 2005; Webb et al., 2005). This phase is
highly reactive and can undergo abiotic transformation

and ripening to form more ordered and crystalline phases
such as todorokite, feitknechtite, and triclinic birnessite
(Bargar et al., 2005; Feng et al., 2010; Learman et al.,
2011b). Within the natural environment, Ascomycete fungi
generally grow attached to substrates, particularly minerals, yet most exploration of Mn(II) oxidation by Ascomycete fungi has focused on growth in liquid media or on
agar-solidified media (Miyata et al., 2006b; Cahyani et al.,
2009; Petkov et al., 2009; Saratovsky et al., 2009; Santelli
et al., 2011). In fact, Santelli and colleagues (2011) found
that growth conditions (i.e. planktonic versus surfaceattached growth) impacted the composition and structure
of Mn oxides formed. Considering the widely observed
role of fungi in the chemical and mechanical alteration of
minerals (Gadd, 1999; 2007; Sterflinger, 2000), they are
likely important weathering agents of Mn(II)-hosted minerals (Golden et al., 1992). Yet, little is known regarding
the ability of fungi to oxidize mineral-hosted Mn(II), the
mechanisms of oxidation, and the morphological and
structural characteristics of the ensuing Mn oxides.
In this study, we examined the interaction of six Mn(II)oxidizing fungal species with the mineral rhodochrosite
(MnCO3), a common Mn(II)-bearing mineral found in a
wide range of environments including terrestrial soils and
marine sediments. By combining chemical assays and a
variety of microscopic and spectroscopic techniques, we
examined the oxidation of rhodochrosite by six fungal
species and the properties of the ensuing Mn oxides. For
a subset of fungi, we also examined the mechanisms of
Mn(II) oxidation and Mn oxide precipitation. Results from
this study provide a better understanding of the mechanisms of rhodochrosite dissolution and alteration, the
diverse characteristics of fungal Mn oxides, as well as the
biogeochemical cycling of manganese in the environment.
Results and discussion
Fungal alteration and oxidation of rhodochrosite
Fungal growth on rhodochrosite surfaces resulted in the
production of oxidized Mn, as Mn(III) and Mn(IV), and
removal of aqueous Mn(II) (Fig. 1). Figure 1A shows the
concentrations of Mn(II) and Mn(III/IV) produced after 22
days of reaction between rhodochrosite and each of the
six fungal species employed in this study (see Table 1 for
fungal species name). The relative percentages of the
Mn(II) in solution and Mn(III/IV) produced following reaction, as compared with the initial total Mn provided
(as MnCO3), are shown in Fig. 1B. The control sample
(rhodochrosite without fungi) contained ~ 45 mM Mn(II) in
solution, accounting for ~ 7% of the total initial MnCO3
present, owing to (abiotic) dissolution of rhodochrosite
in the acetate-yeast extract (AY) medium. As evidenced
by a lack of reaction with Leucoberbelin Blue (LBB), oxidized Mn as Mn(III/IV) species was not detected in the
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control sample, consistent with the thermodynamic inhibition of Mn(II) oxidation by molecular oxygen (Luther,
2005) and slow reaction kinetics of mineral-catalysed
Mn(II) oxidation under these conditions (Diem and
Stumm, 1984). On the contrary, the growth of all six fungal
species caused a significant decrease in dissolved Mn(II)
concentrations in the growth medium (below 2 mM for all
species except Pyrenochaeta sp. DS3sAY3a), accompanied by high concentrations (110 to 240 mM) of Mn(III/IV).
Since MnCO3 is the only Mn source in these systems, the
produced Mn(III/IV) must be from the fungal oxidation of
Mn(II) originating from the rhodochrosite, either via direct
oxidation of mineral-hosted Mn(II) or oxidation of aqueous
Mn(II) provided by enhanced dissolution of MnCO3. Either
way, the amount of ‘released Mn’ as dissolved Mn(II) and
oxidized Mn as Mn(III/IV) accounts for 9–25% of the total
initial Mn (as MnCO3), as compared with ~ 7% in the
control sample, illustrating enhanced mineral dissolution
in the presence of all fungal species.
Microscopic interrogation of the fungal–MnCO3 surface
points to enhanced rhodochrosite dissolution via fungal
activity, likely of both chemical and physical nature

ID

Fig. 1. (A) Concentration and (B) percentage of Mn(II) and Mn(III,
IV) oxides of the total initial Mn added as MnCO3 at day 22 for
rhodochrosite reacted with fungal species A–F (see Table 1
for species name).

Table 1. Mn(III/IV) oxide location, morphology and structure derived from linear combination fitting (LCF) results for six fungal species.
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Fig. 2. Energy-specific synchrotron m-X-ray fluorescence (m-XRF) maps showing Mn(II) (red) and Mn(IV) (green) distribution in cross-thin
sections of rhodochrosite reacted with (A) Phoma sp. DS1wsM30b, (B) Pyrenochaeta sp. DS3sAY3a and (C) Stagonospora sp. SRC1lsM3a.
Scale bar represents 10 mm. (D) m-XANES spectra taken at the white-circled areas in C (black lines), including a transect from bulk MnCO3
to the Mn oxide rind and a Mn oxide hot spot. Also shown are the spectra of Mn(II) and Mn(IV) reference compounds (MnCO3 and d-MnO2
respectively; dotted lines) and their peak positions (gray lines).

(Fig. S1). In the control sample (rhodochrosite without
fungal inoculation), the surface after reaction with AY
medium shows edge steps and isolated dissolution pits,
but is otherwise smooth at the micrometre scale (Fig.
S1A). Rhodochrosite crystals reacted with fungi show isolated deep dissolution pits as well as high degrees of
surface etching (Fig. S1B–D). Further, hyphae were frequently observed growing into cracks and dissolution pits,
suggesting a possible role for mechanical breakdown of
the mineral thus increasing the surface area and reactivity
of surface sites (Fig. S2). The importance of chemical and
mechanical activity by fungi in mineral dissolution and
alteration is widely known (Gadd, 2007). For instance,
special penetrative structures (appressoria) in fungi
possess high internal pressures that are believed responsible for hyphal penetration of plant tissues and rock/
mineral surfaces (Howard et al., 1991; Money, 1999;
Bonneville et al., 2009). In addition, many fungal species
exude large concentrations of organic acids such as
oxalic, citric, and acetic acids that are responsible for
increased mineral dissolution or precipitation of secondary mineral phases (Jongmans et al., 1997; Gadd, 1999;
Sterflinger, 2000). In fact, high oxalate production by
Aspergillus niger and Serpula himantioides has been
shown to induce the dissolution and conversion of both
rhodochrosite and Mn oxides to Mn oxalate minerals
(Sayer et al., 1997; Wei et al., 2012). Here, we did not
observe Mn oxalate formation via microscopic and spectroscopic analysis, likely due to the low Mn(II) levels
maintained here as a result of rapid Mn(II) oxidation to
Mn(III/IV).

Extensive organic surface coatings are also observed on
the fungal-reacted rhodochrosite surfaces, likely contributing to mineral dissolution. For instance, on the rhodochrosite surface reacted with Pithomyces chartarum
DS1bioJ1b (Fig. S3A and B) and Pleosporales sp.
AP3s5JAC2b (Fig. S3C), a thin homogenous film is
present consisting of a fibrous network identified at higher
resolution (Fig. S3B and C). In some cases, the entire
mineral surface is coated with an organic-based film, which
is sometimes observed peeling away from the surface,
likely a consequence of biofilm dessication during sample
preparation and analysis (Fig. S3A). Based on energy
dispersive X-ray (EDX) analysis, the films are not Mn
oxides and instead are composed of dominantly carbon,
thus likely representing an organic matrix exuded by the
fungi during growth. Fungal biofilms, which are composed
of a heterogeneous mixture of extracellular polymeric substances (EPS), have been implicated in bioweathering of a
variety of synthetic and natural structures, including a wide
range of rocks and minerals (see Gorbushina et al., 2007
and references therein). Thus, the organic matrix observed
here may exert an additional physical and chemical force
on MnCO3 weathering.
Distribution and speciation of oxidized Mn
on rhodochrosite
Synchrotron-based micro-X-ray fluorescence (m-XRF) of
thin sections of rhodochrosite reacted with three fungal
species (Phoma sp. DS1wsM30b, Pyrenochaeta sp.
DS3sAY3a and Stagonospora sp. SRC1lsM3a) illustrated
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a coating of oxidized Mn, primarily as Mn(IV), on the
rhodochrosite surface (Fig. 2A–C). XRF maps were collected at several incident energies around the Mn K-edge,
which revealed a transition from Mn(II) within the mineral
to Mn(IV) at the surface. In a section of MnCO3 reacted
with Stagonospora sp. SRC1lsM3a, m-X-ray absorption
near edge structure (m-XANES) (2 ¥ 2 mm resolution)
spectra were collected at a Mn(IV) hot spot and along a
transect traversing the bulk MnCO3 and surface oxide rind
confirming the energy-specific m-XRF maps (Fig. 2C and
D). The bulk MnCO3 spectra is nearly identical to that of
the Mn(II) reference compound MnCO3, with a prominent
peak at ~ 6552 eV and a shoulder at ~ 6563 eV. This
shoulder, although at a similar position as the Mn(IV) peak
of the Mn(IV) reference spectra, is an inherent feature
of the MnCO3 structure. Moving outward from the bulk
MnCO3 to the surface rind, the main Mn(II) peak
at ~ 6551 eV decreases in height, while the Mn(IV) peak
at ~ 6563 eV increases, indicating an increased ratio of
Mn(IV) to Mn(II) species from the bulk mineral to the oxide
rind. The spectrum at the Mn(IV) hot spot (labelled ‘spot’)
exhibits a dominant Mn(IV) peak at ~ 6563 eV and a small
Mn(II) shoulder at ~ 6552 eV, indicating that the majority
of Mn is present as Mn(IV) at this location. The Mn(II)
signal is likely a consequence of Mn(II) incorporation
within the Mn oxide structure as observed previously both
for bacteria (Bargar et al., 2005; Webb et al., 2005) and
for fungi grown on agar-solidified media (Santelli et al.,
2011). Similar XANES results were also observed for rhodochrosite crystals reacted with Phoma sp. DS1wsM30b
and Pyrenochaeta sp. DS3sAY3a (data not shown).
The oxidized Mn produced by all the fungal species
exists as Mn oxides within the birnessite group. Principal
component analysis (PCA) and linear combination fitting
(LCF) of the Mn K-edge EXAFS (extended X-ray absorption fine structure) spectra for each can be reconstructed
with two dominant mineral components consisting of
MnCO3 and d-MnO2 (Fig. S2, Table 1). d-MnO2 is a synthetic phase similar to naturally occurring vernadite, which
is a poorly ordered, nanocrystalline phyllomanganate with
hexagonal symmetry. In many cases, the Mn oxide products were firmly attached to the rhodochrosite surface,
thus during Mn oxide harvesting for EXAFS analysis
residual MnCO3 particles were collected with the Mn oxide
products. Addition of a minor aqueous Mn2+ component
increased the goodness of fit (Table 1). The Mn oxides
formed by all six fungi grown on rhodochrosite here are
similar to the frequently observed biogenic Mn oxides
formed by both bacteria (Villalobos et al., 2003; Bargar
et al., 2005; Webb et al., 2005; Learman et al., 2011b)
and fungi (Miyata et al., 2006a,b; Grangeon et al., 2010;
Santelli et al., 2011) under a variety of growth and environmental conditions, including the same species grown
on agar-solidified media (Santelli et al., 2011).
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Distribution of fungal Mn oxides
Although the Mn oxide structures did not vary among the
fungal species, the distribution of Mn(III/IV) oxides varied
considerably and can be summarized as: (i) associated
with hyphal surfaces, (ii) precipitated on the rhodochrosite
surface or (iii) a combination of the two (Fig. 3, Table 1).
Rhodochrosite crystals in the absence of active fungi are
pink and transparent under light microscopy (not shown).
Upon reaction with the six fungal species, the crystals are
gradually covered with mycelia growing radially outward
from the inoculation point and extending into the mediasubmerged quartz sand. The fungal hyphae are colourless, whereas the precipitated fungal Mn(III/IV) oxides are
brown/dark brown in colour.
Two of the six species, Phoma sp. DS1wsM30b and
Pleosporales sp. AP3s5JAC2b, accumulated Mn oxides
along the length of their hyphae (A and B in Fig. 3 respectively). Scanning electron microscopy (SEM) images
show that Phoma sp. DS1wsM30b produces spherical
shaped Mn oxides whereas the Mn oxides formed by
Pleosporales sp. AP3s5JAC2b uniformly coat the hyphae,
over time encrusting the full length of hyphae (B in Fig. 3).
Pithomyces chartarum DS1bioJ1b and Phoma sp.
AP3s5J1a also accumulated Mn oxides on the hyphal
surface but a substantial amount of Mn oxides were also
found on the MnCO3 surface adjacent to the hyphae (C
and D in Fig. 3). Pithomyces chartarum DS1bioJ1b produced small clusters of spherical shaped Mn oxides (C in
Fig. 3), while Phoma sp. AP3s5J1a produced Mn oxides
that encrust the hyphae (D in Fig. 3), similar to Pleosporales sp. AP3s5JAC2b (B in Fig. 3) but with a denser
appearance.
Interestingly, two species (Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a) produced discrete,
isolated flower-shaped Mn oxide clusters on MnCO3 (E
and F in Fig. 3) that were typically not associated with any
cellular structure. Mn oxides produced by Pyrenochaeta
sp. DS3sAY3a (E in Fig. 3) always spread laterally (20 to
100 mm in diameter) on the MnCO3 surface, sometimes
underneath hyphae. Oxides produced by Stagonospora
sp. SRC1lsM3a appeared as flower-shaped clusters that
are more structured three-dimensionally (F in Fig. 3) than
those produced by Pyrenochaeta sp. DS3sAY3a. Further,
the distance between the Mn oxides and hyphae at times
approached 100 mm – a substantial distance away from
any visible cellular structure. Intact, undisturbed hyphae
were observed on the MnCO3 surface, indicating that the
lack of association of hyphae and Mn oxides was not an
artefact of the preparation procedure.
The striking difference in the morphology and location of Mn oxides formed by different species likely
points to different Mn(II) oxidation pathways or precipitation mechanisms, including but not limited to direct
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B

C

D

E

F

Fig. 3. Light and electron microscopy images showing the morphology and location of Mn oxides on rhodochrosite reacted with six fungal
species (A–F; see Table 1 for species name). The brown/black colour in light microscope images represents precipitated fungal Mn(III/IV)
oxides.

enzymatic oxidation, metabolite (e.g. O2-)-mediated oxidation, and/or organic-mediated complexation and/or
precipitation. For example, the production of Mn oxide
coatings on hyphal surfaces (e.g. B in Fig. 3) likely
involves cell wall-associated enzymes (e.g. laccase-like
multicopper oxidases as found in Acremonium strictum
strain KR21-2) (Miyata et al., 2004; 2006a). On the contrary, the production of extracellular Mn oxide clusters that
are not associated with cellular structures (e.g. E and F in
Fig. 3) may point to either a metabolite-induced oxidation
or a surface-associated oxidation to Mn(III) followed by
complexation, transport away from the cell and ultimate
precipitation at a distance. We have previously observed
a similar species-based variability in Mn oxide distributions on agar-solidified media, which included Mn oxide
formation by Stagonospora sp. SRC1lsM3a on envisaged
organic polymers adjacent to hyphae (Santelli et al.,
2011). A striking finding with this current study and not
noticed previously, however, is the presence of completely
isolated Mn oxides precipitated on the MnCO3 surface at
substantial distances from cellular structures. We focus
the remaining discussion on Pyrenochaeta sp. DS3sAY3a

and Stagonospora sp. SRC1lsM3a to identify a plausible
pathway for Mn oxide accumulation in the absence of
cellular structures.
Mechanisms of Mn(II) oxidation
The oxidation of Mn(II) by Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a is a cell-associated
process and not a result of soluble extracellular proteins
or stable metabolites. Cell-free filtrate (i.e. spent media)
from both organisms, obtained for cells grown both in AY
liquid and on AY media-saturated quartz sand, did not
oxidize either aqueous Mn(II) or Mn(II) hosted in rhodochrosite (data not shown). Thus, Mn oxide formation
required the presence of actively growing hyphal cells,
likely due to either cell-associated enzymes or short-lived
reactive metabolites. These results are in contrast to
recent findings of superoxide-mediated oxidation of Mn(II)
by bacteria where the proteins involved in superoxide
production were present and active in cell-free filtrate,
suggesting the involvement of soluble enzyme(s) in that
case (Learman et al., 2011a).
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Incubation of fungal cultures with ROS-specific stains
and various amendments to the AY growth medium implicate extracellular superoxide as the oxidant of Mn(II) by
Pyrenochaeta sp. DS3sAY3a and Stagonospora sp.
SRC1lsM3a (Fig. 4). Yellow, water-soluble nitroblue tetrazolium (NBT) is reduced by superoxide to form blue,
water-insoluble formazan. Since the stain precipitates
upon reaction with superoxide, the location of the stain
precipitates reveals the site of reaction with the superoxide. Both actively growing organisms stain positively for
the production of O2- (appearance of a blue colour when
incubated with NBT; Fig. 4A and B). Superoxide production is localized primarily at the hyphal tips of the leading
growth edge (Fig. 4C), areas known for high metabolic
activity and active cell construction.
Furthermore, Mn(II) oxidation showed a concentrationdependent inhibition by Cu(II). At the highest concentration (200 mM), Mn oxide precipitation is strongly inhibited
for both Pyrenochaeta and Stagonospora (Fig. 5C and G
respectively), whereas the addition of the same concentration of Zn(II) does not appreciably affect Mn oxidation
(Fig. 5D and H). Cu(II) catalyses the dismutation of O2into O2 and H2O2 (Zafiriou et al., 1998) and is a more
effective scavenger of O2- than Mn(II), thereby diverting
fungal produced extracellular superoxide away from
Mn(II) in the media. Zn(II) is used as a control, since this
metal imparts a similar level of toxicity to the organisms as
Cu(II) but does not interact with O2-. Although 200 mM Cu
and Zn each imparts a slight reduction in growth rate of
the fungal mycelium in both organisms (e.g. compare
Fig. 5C and G with A and E respectively), the impacts of
the two metals are similar and do not confound the implication of O2- in Mn(II) oxidation. Taken together with the
observations of superoxide formation at hyphal tips, these

(A)

(B)
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findings implicate superoxide as the oxidant of Mn(II) by
both fungal species. The primary enzymes responsible for
superoxide production in fungi are NADPH oxidases
within the NOX family (Aguirre et al., 2005; Scott and
Eaton, 2008).
Indeed, superoxide production and subsequent Mn(II)
oxidation is linked to the activity of NADPH oxidases in
both Pyrenochaeta sp. DS3sAY3a and Stagonospora
sp. SRC1lsM3a. Mn oxide precipitation is substantially
decreased in the presence of 25 mM (Fig. 5B) and 10 mM
(Fig. 5F) diphenylene iodonium (DPI) chloride, an inhibitor
of oxidoreductases and other NAD(P)H binding enzymes
known to produce superoxide in fungi (O’Donnell et al.,
1993). This superoxide is involved in host defence, posttranslational modification of proteins, apical growth and
branching of hyphae, cell signalling and cell differentiation
(Aguirre et al., 2005). Here, in addition to Mn(II) oxidation
inhibition, the addition of DPI leads to a decrease in fungal
growth, particularly for Stagonospora sp. SRClsM3a,
likely due to disruption of hyphal growth. NOX proteins in
fungi are transmembrane proteins that transport electrons
from cytosolic NADPH via FAD and two haems to extracellular molecular oxygen to generate O2-. This localization is consistent with the lack of Mn(II) oxidation activity in
cell-free extracts, whereby the production of superoxide
occurs at the cell surface leading to reaction between
superoxide and Mn(II) near the hyphal surface. These
results are similar to recent findings that the Ascomycete
Stilbella aciculosa (Hansel et al., 2012) oxidizes Mn(II) via
superoxide production during asexual reproduction, suggesting that this ROS-mediated Mn(II) oxidation mechanism may be common among Ascomycetes.
Interestingly, in both Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a, small, spherical Mn

(C)

Fig. 4. Distribution of superoxide for Pyrenochaeta sp. DS3sAY3a (A) and Stagonospora sp. SRC1lsM3a (B and C). Images show circular
fungal mycelia on AY agar plates after approximately 2 weeks of growth starting from a centre inoculation point (indicated by a black dot).
A and B. Lower portions of mycelia (below dotted lines) were stained with NBT. Blue colour indicates the presence of O2-. Cells were grown
without added Mn(II). Scale bars are 1 cm.
C. Higher magnification image of the leading hyphal edge of Stagonospora sp. SRC1lsM3a (as indicated in boxed region in B) indicating the
distribution of superoxide at the hyphal tip. Scale bar = 50 mm.
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(A)

(B)

(C)

(E)

(F)

(G)

(D)

(H)

Fig. 5. Impact of chemical/enzyme inhibitors on Mn oxide formation by Pyrenochaeta sp. DS3sAY3a (A–D) and Stagonospora sp. SRC1lsM3a
(E–H).
A and E. AY agar controls amended with 200 mM Mn(II). Brown colour indicates mycogenic Mn oxides.
B and F. Cells grown with 200 mM Mn(II) and 25 mM (B) or 10 mM (F) DPI, an inhibitor of NADPH oxidases.
C and G. Cells grown with 200 mM Mn(II) and 200 mM Cu(II), a scavenger of superoxide.
D and H. Cells grown with 200 mM Mn(II) and 200 mM Zn(II). Zn(II) imparts a similar level of toxicity as Cu(II) but does not react with
superoxide.
All scale bars are 1 cm.

oxides (confirmed via addition of LBB) were produced at a
distance from fungal hyphae in the presence of high Cu(II)
levels (Fig. S5C and G) and DPI (Fig. S5B and F). It is
unclear at this time the mechanism of Mn(II) oxidation
responsible for these structures, but considering they are
observed only in the presence of high Cu and DPI, this
may be a consequence of a stress response.
Taken together, the primary mechanism of Mn(II) oxidation by Pyrenochaeta sp. DS3sAY3a and Stagonospora
sp. SRC1lsM3a is a result of extracellular superoxide
production at the hyphal surface (Figs 4 and 5) due to the
activity of transmembrane NADPH oxidases. The oxidation of Mn(II) by superoxide produces Mn(III), which is
thermodynamically unstable in aqueous solutions. Yet,
the Mn oxides produced by Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a show no association
with hyphae and appear as discrete clusters at a substantial distance (10–100 mm) from cellular structures (Fig. 3).
This suggests that either Mn(III) is being stabilized and
transported away from the cell surface or superoxide is
diffusing away from the hyphal tip and reacting with Mn(II)
away from the cell. However, the localized precipitation of
the NBT stain at hyphal tips suggests that superoxide is
not diffusing far from the site of formation (Fig. 4). Instead,
stabilization of Mn(III) could occur via complexation with

an organic ligand and/or siderophore allowing for its
transport away from the hyphae until the discrete flowershaped Mn oxides precipitate.
Mn oxides formed following superoxide-mediated
Mn(II) oxidation
The Mn oxides produced by Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a are unique in character
and illustrate an intriguing ordered morphology (Fig. 6)
suggesting that mineral growth was directed by an
unknown organic template. Although the oxides produced
by Pyrenochaeta sp. DS3sAY3a were more spread out
laterally (Fig. 6A) and those produced by Stagonospora
sp. SRC1lsM3a were more structured three-dimensionally
(Fig. 6D), close examination of both fungal Mn oxides
revealed similar densely packed threads of oxides that
were tens to hundreds of nanometres in diameter and a few
microns in length (Fig. 6B, C, E and F). Some aggregated
fibres observed for Stagonospora sp. SRC1lsM3a had a
round feature at the end (Figs 6F and 7), which to
our knowledge is a morphology unique to this organism.
The interesting morphology of Mn oxides produced
by these two species is similar to previously reported
Metallogenium-like structures (Klaveness, 1977; Emerson
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Fig. 6. SEM images of the Mn oxides formed by (A–C) Pyrenochaeta sp. DS3sAY3a and (D–F) Stagonospora sp. SRC1lsM3a grown on
rhodochrosite. Images illustrate structurally unique Mn oxides with visible unknown filaments (see arrow in B) within the oxides. Hyphae are
not in the field of view for images B–E.

et al., 1989). Such structures have been observed in a
variety of modern and ancient aquatic and terrestrial environments (Perfil’ev and Gabe, 1961; Crerar et al., 1980;
Gregory et al., 1980; Dubinina, 1984; Neretin et al., 2003).
Metallogenium was originally described as a genus of
bacteria that is capable of oxidizing Mn(II) (Perfil’ev and
Gabe, 1961). However, a later study (Emerson et al., 1989)
revealed that these filamentous Mn oxides were not templated on any cellular structure (bacterial or fungal) and
were instead precipitated on a matrix of anionic polymers,
likely consisting of acidic polysaccharides and/or proteins.
Indeed, similar to Metallogenium-like structures,
high-resolution transmission electron microscopy (TEM)
imaging of the Mn oxides did not reveal any observable
cellular structures associated with the Mn oxides (Fig. 7).
We have shown previously that the Mn oxides formed by
Stagonospora sp. on Mn(II)-supplemented agar-solidified
medium and in liquid culture appeared as dense masses
of Mn oxides composed of filaments not templated on any
visible cellular structure (Santelli et al., 2011). Both TEM
imaging of whole mounts (Fig. 7A–C) and high-resolution
imaging of thin sections (Fig. 7D) do not reveal any visible
cellular structure within the Mn oxides. Instead, the Mn
oxides appear highly ordered with radial growth along
what appears to be a directed growth front. In fact, thin
unidentified filaments are observed emerging from the Mn
oxides precipitated on MnCO3 (see arrow in Fig. 6B) that
are not Mn oxides and are too thin to be fungal hyphae.
These filaments may in fact be involved in the directed

growth. Similarly, organic-directed growth has been proposed for Mn and Fe oxide encrustations on the surfaces
of budding and sheathed bacteria (Ghiorse, 1984) and
bacterial stalks (Chan et al., 2004; 2009). In fact, our
preliminary micro-Fourier transform infrared spectroscopy
(m-FTIR) analysis of Mn oxides reveals the presence of
various organic functional groups (e.g. amide I and II
groups) (Fig. S6), hinting at the presence of proteins
templates. We are actively investigating the mechanisms
of Mn(III) transport and Mn oxide formation, including the
role of organic templates, by Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a.
In this study, we show that fungi can be agents of
rhodochrosite dissolution and conversion to Mn oxides,
minerals of substantial relevance in metal and nutrient
availability and transport. Rhodochrosite dissolution was
substantially enhanced in the presence of fungi. In particular, the activity of some fungi released/oxidized up to
25% of the mineral-hosted Mn(II) within 22 days. Fungal
activity could therefore be a dominant process for rhodochrosite dissolution within sediments and soils. Despite
the similarity in the structures of the Mn oxides produced
by six fungal species, we show that the morphology of the
oxides produced and the location relative to the fungal
and mineral surface vary among species. As suggested
previously for agar-supported fungal growth (Santelli
et al., 2011), these differences likely point to more than
one operative Mn(II) oxidation pathway employed by
fungi. The formation of Mn oxides at substantial distances
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Fig. 7. TEM images of whole mounts (A–C)
and cross section (D) of Mn oxides produced
by Stagonospora sp. SRC1lsM3a grown in
liquid AY medium.
A. An aggregate of extracellular, thread-like
Mn oxides.
B. Magnified view of boxed area in A.
C. An individual thread-like Mn oxide filament
with a ball-like feature at the tip.
D. Cross section of a ball-like feature
(modified from Santelli et al., 2011).

(A)

(B)

(C)

(D)

away from the hyphae of Pyrenochaeta sp. DS3sAY3a
and Stagonospora sp. SRC1lsM3a is attributed to Mn(II)
oxidation by extracellular superoxide at the hyphal
surface likely followed by Mn(III) complexation and ultimately heterogeneous precipitation. Thus, these findings
expand the group of organisms that oxidize Mn(II) by
producing superoxide (Learman et al., 2011a; Hansel
et al., 2012), where here it is likely a result of cell differentiation. The unique morphology of the isolated flowerlike Mn oxide clusters and presence of organic functional
groups associated with these oxides suggests a role of
mycogenic organic polymers in Mn oxide templation.
Further investigations are underway to define the role and
composition of organic molecules (likely protein) in
directed precipitation. These findings highlight the diversity of fungi–Mn oxide relationships and processes
responsible for fungal Mn oxide precipitation. Building off
this foundation, this research will shed light on environmental Mn oxide formation, including the frequently
observed Metallogenium-like Mn oxide structures.
Experimental procedures
Fungal species and growth conditions
We explored a total of six Mn(II)-oxidizing ascomycetes isolated from two locations. Four species were isolated from

passive coal mine drainage treatment systems in Central
Pennsylvania that attenuate high concentrations of Mn (Santelli et al., 2010): Stagonospora sp. SRC1lsM3a, Phoma sp.
DS1swM30b, Pyrenochaeta sp. DS3sAY3a and Pithomyces
chartarum DS1bioJ1b (Santelli et al., 2010). Two species
were isolated from Ashumet Pond, MA, a natural freshwater lake: Phoma sp. AP3s5J1a and Pleosporales sp.
AP3s5JAC2b (C.M. Santelli, unpubl. data). This field site was
previously contaminated with a sewage plume from Massachusetts Military Reservation (MMR) containing elevated
concentrations of phosphorus and other constituents such as
manganese.
MnCO3 (sample # 96030, Colorado) was obtained from the
Harvard University Mineralogical Museum. Fresh flat surfaces (mm in size) were prepared by cleaving large crystals
with a razor blade along the {10 14} plane and sterilized by
autoclaving at 121°C for 15 min.
All fungal species were grown in HEPES-buffered (20 mM,
pH 7) AY medium composed of 0.25 g l-1 sodium acetate,
0.15 g l-1 yeast extract and 1 ml l-1 trace element stock
(10 mg l-1 CuSO4·5H2O, 44 mg l-1 ZnSO4·7H2O, 20 mg l-1
CoCl2·6H2O and 13 mg l-1 Na2MoO4·2H2O) supplemented
with MnCl2 (0–200 mM), CuCl2 (0–200 mM), ZnCl2 (0–200 mM)
and/or DPI (0–50 mM). Fungal cultures were first initiated in
Petri dishes containing agar-solidified (2% agar) AY medium
without supplements. After growth proceeded radially
outward from the inoculation point for approximately 2 weeks,
the fungal mycelia were sampled with either a sterile coring
device (for rhodochrosite cultures) or a sterile wooden inoculation stick (for plate cultures).
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For cultures grown on rhodochrosite, a Petri dish containing 3–5 ml of liquid AY medium [without any additional
sources of Mn(II)] was filled with sterile quartz sand to
maintain moisture and provide a solid support for the rhodochrosite crystals. Several crystals were gently placed on
the sand. Mycelia-containing agar plugs obtained with the
sterile coring device were then placed on the rhodochrosite
surfaces. Cultures were incubated for 2–3 weeks at room
temperature. Growth of fungal mycelia and production of
dark brown Mn oxides were monitored with a light microscope (as described below). The formation of Mn(III, IV)
oxides was confirmed with the LBB method (Krumbein and
Altmann, 1973) using a Cary 50 UV-vis spectrophotometer
(Varian).
To compare the relative efficiency of Mn oxide production from rhodochrosite among the six fungal species,
a separate set of experiments was conducted. For each
species, a Petri dish containing 3 ml of AY medium [without
Mn(II) or other supplements] and 258 ⫾ 48 mg of rhodochrosite was inoculated with a mycelia-containing agar
plug. Care was taken to ensure that all agar plugs were of
similar size. Triplicates were conducted for each species.
After 22 days, production of dark brown Mn oxides was
examined for all species. From each Petri dish, 0.25 ml of
the spent media was syringe filtered (0.2 mm PTFE membrane), and Mn(II) concentration was analysed using the
formaldoxime method (Goto et al., 1962). The rest of the
solution and all reacted crystals were sacrificed and analysed for Mn(III, IV) oxide concentration using the LBB
method.
For plate cultures, new AY agar plates (with or without
supplements) were inoculated with wooden inoculation sticks
and allowed to grow for 2–3 weeks, at which point ROS
detection assays and/or imaging with a stereo microscope
were performed (described below). All cultures were incubated at room temperature.

Reactive oxygen species detection
Extracellular ROS were detected using stains that precipitate
upon reaction with ROS, thus maintaining spatial distribution
of ROS production on agar-solidified media. Cultures grown
on AY plates were point inoculated with NBT or DAB
for superoxide and hydrogen peroxide detection, respectively. The NBT assay involved addition of 2.5 mM NBT
chloride (Sigma, St Louis, MO, USA) in 5 mM 3-(Nmorpholino)propanesulfonate-NaOH, pH 7.6, which forms a
blue precipitate upon reaction with O2-. The DAB assay
involved addition of 2.5 mM DAB and 5 purpurogallin
units ml-1 of horseradish peroxidase (HRP) in potassium
phosphate buffer, pH 6.9, which forms a reddish brown precipitate upon reaction with H2O2, a dismutation product of the
highly reactive superoxide radical. All reagents for the DAB
assay were obtained from a HRP chromogen kit (GeneTex,
Irvine, CA, USA). For both assays, plates were incubated
with the stain for 30 min in the dark. Then, excess reagents
were decanted, and the plates were incubated for an additional 2–24 h until sufficient colour had developed. The plates
were imaged using a stereo microscope (as described
below).
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Light and electron microscopy
Light microscopy images of pristine and fungal-reacted rhodochrosite crystals and agar-supported plate cultures were
recorded at various time stages using a SZX16 Zoom Stereo
Microscope (Olympus America) fitted with an Olympus DP72
Microscope Digital Camera.
For SEM, rhodochrosite crystals covered with fungal
mycelia and Mn oxides were fixed in 2.5% glutaraldehyde,
washed three times in 0.2 M phosphate buffer (pH 7.4) and
subjected to a series of ethanol dehydration. After the fixation
process, desiccated samples were mounted on double-sided
carbon tape and sputter-coated with Pt/Pd prior to imaging.
SEM was performed at the Harvard University Center for
Nanoscale Systems (CNS) using field emission SEMs
(FESEM; Zeiss Ultra55 and Supra55) with a high-efficiency
in-lens secondary electron detector.
For TEM, dehydrated cultures that were grown in liquid
media were embedded in LR White resin and cured at 60°C
overnight. Hardened resin blocks were sectioned to 70 nm
with a Diatome 45° diamond knife using a Leica UCT ultramicrotome (Leica Microsystems). Both unembedded dehydrated cultures and embedded sections were mounted on
100 mesh copper grids with formvar support film coated with
carbon. Unstained sections were imaged with an FEI Tecnai
T-12 cryo-TEM. Thin sections were examined using a JEOL
2010 high-resolution TEM (HR-TEM) equipped with an
Oxford ISIS energy-dispersive X-ray spectroscopy (EDS)
microanalysis system.

Synchrotron-based microscopic and
spectroscopic analysis
Rhodochrosite crystals reacted with Phoma sp. DS1wsM30b,
Pyrenochaeta sp. DS3sAY3a and Stagonospora sp.
SRC1lsM3a were examined by coupled synchrotron-based
micro-X-ray fluorescence (m-XRF) microscopy and micro-Xray absorption spectroscopy (m-XAS) at beamline 2–3 at the
Stanford Synchrotron Radiation Lightsource (SSRL) for the
location and oxidation state of the associated Mn. Reacted
crystals were air dried and embedded in EpoHeat Epoxy
(Buehler). Cross sections (~ 100 mm thickness) of the
embedded crystals were obtained using a diamond saw, fixed
to a high-purity quartz slide using Hillquist Thin Section Epoxy
A-B (Hillquist) and polished to ~ 50 mm thickness. Spatially
resolved (micron scale) XRF and XAS were conducted by
collecting spectra at select points of interest or rastering a
defined region. The beam size on the sample was 2 ¥ 2 mm.
Monochromatic X-rays were selected using a Si(111) F = 90
double crystal monochromator. Multiple elements were
mapped simultaneously by collecting fluorescence on a multichannel Si Vortex detector (SII Nano Technology) using an
incident monochromator energy of 13 200 eV which is above
the absorption edge of all the elements of interest. Maps were
also collected at several discrete incident energies (6553,
6558, 6562 eV) in continuous raster scanning mode in order
to collect the fluorescence at several distinguishing points
within the Mn absorption edge. X-ray absorption near edge
structure spectra were collected at spots of interest to confirm
the oxidation state at discrete locations. The line shapes
(peak position and peak shape) of the XANES spectra were
used to compare the relative proportions of Mn(II), Mn(III) and
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Mn(IV) in the Mn oxides (Bargar et al., 2005; Webb et al.,
2005). Fluorescence maps and XANES spectra were analysed using the MicroAnalysis Toolkit (Webb, 2006) and
SIXPACK (Webb, 2005) respectively.
Bulk X-ray absorption spectroscopy data were also collected on the fungal Mn oxides to identify their speciation and
structure. For all six species, mycogenic Mn oxides from
reacted rhodochrosite were carefully separated by hand
picking with tweezers under a microscope or brief ultrasonication in DI water. The collected Mn oxides were vacuum
filtered using 0.2 mm polycarbonate membranes and rinsed
with DI water. Multiple crystals were processed to achieve
enough mass. The moist filter membranes loaded with Mn
oxides were then mounted in a Teflon sample holder covered
with Kapton tape for XAS data analysis. Samples were frozen
at -20°C and thawed prior to analysis. Manganese K-edge
XAS spectra were collected at beam line 11-2 (SSRL) and
beam line X18B at National Synchrotron Light Source,
Brookhaven National Laboratory (NSLS-BNL) with a Si (220)
or (111) double crystal monochromator (40% detuning).
Energy calibration used a Mn foil (6539 eV). Data were collected in both fluorescence and transmission mode using a
30-element Ge solid-state detector with a Cr filter at beam
line 11-2 (SSRL) and a PIPS detector at beam line X18B
(NSLS). Analysis of the near edge region of consecutive XAS
spectra for each sample showed no photo-induced reduction
of Mn oxides under the X-ray beam.
Analysis of the bulk XAS data was performed using the
programs SIXPACK (Webb, 2005) and Ifeffit (Ravel and
Newville, 2005). The composition and structure of fungal Mn
oxides were determined using both the XANES and EXAFS
regions. For EXAFS analysis, spectra were k3-weighted and
analysed at 3–12 Å-1. Principal component analysis (PCA),
combined with target transformation and linear combination
fitting (LCF), were performed on the EXAFS spectra to establish the number of components representing the entire data
set. A spectral reference library of model Mn compounds was
used to identify and quantify the structural components. The
model compounds used were previously described (Bargar
et al., 2005) and include: d-MnO2, hexagonal Na-birnessite,
triclinic Ca-birnessite, groutite (a-MnOOH), feitknechtite
(b-MnOOH), manganite (g-MnOOH), hausmannite (Mn3O4),
synthetic
todorokite
[(Na,Ca,K)(Mg,Mn)Mn6O14·5H2O],
pyrolusite (b-MnO2), synthetic Mn2O3, aqueous Mn(III) pyrophosphate, aqueous MnCl2 and aqueous MnSO4.
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Supporting information
Additional Supporting Information may be found in the online
version of this article:
Fig. S1. SEM images showing the surface features of rhodochrosite crystals after reaction with (A) no fungi (control
sample), (B) Pyrenochaeta sp. DS3sAY3a and (C and D)
Stagonospora sp. SRC1lsM3a. In contrast to the control
sample, in the presence of fungi, extensive surface etching of
the MnCO3 surface is evident both within dissolution pits and
on basal surfaces.
Fig. S2. SEM images showing Stagonospora sp.
SRC1lsM3a hyphae growing into cracks (A and B) and
dissolution pits (C) on the surface of rhodochrosite
crystals.
Fig. S3. SEM images showing organic coatings on rhodochrosite crystals after reaction with (A and B) Pithomyces chartarum DS1bioJ1b and (C) Pleosporales sp.
AP3s5JAC2b.

1077

Fig. S4. Bulk EXAFS of Mn oxides formed following Mn(II)
oxidation of MnCO3 by fungal species A–F (see Table 1 for
species name). Three reference compounds needed to
reconstruct the mycogenic oxides by linear combination
fitting (LCF) are included in gray. Data are shown in solid lines
and fits in dotted lines. Fitting results and parameters are
listed in Table 1.
Fig. S5. Stereomicroscope images showing the impact of
chemical/enzyme inhibitors on Mn oxide formation by
Pyrenochaeta sp. DS3sAY3a (A–D) and Stagonospora sp.
SRC1lsM3a (E–H). All images depict fungal hyphae and Mn
oxides on AY agar plates after approximately 2 weeks of
growth.
A and E. AY agar controls amended with 200 mM Mn(II).
Brown colour indicates mycogenic Mn oxides.
B and F. Cells grown with 200 mM Mn(II) and 25 mM (B) or
10 mM (F) DPI, an inhibitor of NADPH oxidases.
C and G. Cells grown with 200 mM Mn(II) and 200 mM Cu(II),
a scavenger of superoxide.
D and H. Cells grown with 200 mM Mn(II) and 200 mM Zn(II).
Zn(II) imparts a similar level of toxicity as Cu(II) but does not
react with superoxide.
Fig. S6. Mycogenic Mn oxide samples were analysed with
micro-Fourier transform infrared spectroscopy (m-FTIR).
(Above) Mn oxide clusters in cultures of Pyrenochaeta sp.
DS3sAY3a. The Mn oxides were not associated with any
cellular materials. Clusters were gently removed from the
medium with sterile wooden inoculation sticks, washed six
times in distilled water and dissolved with 20 mM ascorbic acid
to liberate organics from Mn oxides prior to analysis. Samples
were analysed on a m-FTIR at Bruker Optics (Billerica, MA,
USA) in reflectance mode. These preliminary m-FTIR data are
promising in that they indicate the presence of organics
directly associated with cell-free Mn oxide clusters.
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